
A growing interest in developing aqueous–organic

and non�aqueous media for enzymatic reactions is seen

in the literature, and the use of enzymes in these media

has found a variety of practical applications. Recently,

organic solvents have been used to increase the yields of

enzymatic reactions [1, 2], alter enzyme specificity [3, 4],

and enhance enzyme stability [5, 6]. Aqueous–organic

and non�aqueous media have also been used to overcome

some difficulties that can occur for enzyme catalytic reac�

tions in aqueous solutions, such as insolubility of sub�

strate, unfavorable thermodynamic equilibria, and diffi�

cult product recovery [7]. However, enzyme activity may

be dramatically reduced in the presence of organic sol�

vents. Therefore, a clear understanding of the interaction

of organic solvents with enzymatic processes would be of

great value and provide useful information for many prac�

tical purposes.

Xanthine oxidase (EC 1.17.3.2) is a molybdenum�

containing enzyme that plays an important role in the

metabolism of many xenobiotics and drugs, such as

purines and pyrimidines [8, 9], 6�mercaptopurine and

azathioprine [10], thiazides [11], pyrazinamide [12], and

acyclovir [13]. This enzyme also serves as an important

biological source of reactive oxygen species that are

involved in many pathological processes, such as inflam�

mation, atherosclerosis, cancer, and aging [14, 15].

Xanthine oxidase has been used in biosensors for estima�

tion of fish meat freshness in the food industry [16], eval�

uation of ischemic myocyte injury [17], and measurement

of theophylline [18].

In spite of these broad and important activities of

xanthine oxidase, the activity of this enzyme in non�

aqueous media has not received enough attention, and

the study on the activity of xanthine oxidase in the pres�

ence of organic solvents is limited to few reports from the

1960s [19�21]. Furthermore, there were some limitations

in these studies such as use of only lyophilized enzyme

and measurement of the enzyme activity in anaerobic

conditions using electron acceptors other than molecular

oxygen [19�21]. However, the nature of the electron

acceptor has a critical effect on the enzyme activity.

Fridovich has indicated that dimethoxyethane is capable

of increasing xanthine oxidase activity towards acetalde�

hyde in the presence of 2,6�dichloroindophenol [19].
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When this electron acceptor was replaced with other elec�

tron acceptors including molecular oxygen, not only any

enhancement of the rate by dimethoxyethane was elimi�

nated, but also dimethoxyethane acted as an inhibitor. In

the present study the activity of xanthine oxidase in dif�

ferent aqueous–organic solvents and the effects of some

factors such as temperature, lyophilization, and pH on

this activity are investigated.

MATERIALS AND METHODS

Chemicals. Xanthine and bovine milk xanthine oxi�

dase (grade I: from buttermilk, 0.5 unit per mg protein)

were obtained from Sigma�Aldrich (England). All other

chemicals were purchased from Merck (Germany).

Enzyme assay. All spectrophotometric determina�

tions were carried out using a Shimadzu 2550 UV/VIS

(Japan) spectrophotometer, which was controlled by the

Shimadzu UV Probe personal software package including

kinetics software. The instrument was connected to a

Shimadzu cell temperature control unit. Xanthine oxi�

dase activity was determined spectrophotometrically at

295 nm through monitoring of uric acid production from

xanthine as the substrate in the presence of molecular

oxygen as the electron acceptor. Xanthine (20 µM) was

incubated with the enzyme fraction in Sorenson’s phos�

phate buffer (67 mM, pH 7.0) containing 0.1 mM EDTA,

and the oxidation rates were measured up to 10 min.

Assay of xanthine oxidase activity in organic solvents.
The activity of xanthine oxidase was also measured in dif�

ferent aqueous–organic media as described in the previ�

ous section. The solutions of organic solvents were pre�

pared in 67 mM phosphate buffer (pH 7.0) containing

0.1 mM EDTA and their concentrations were varied from

0% to a concentration that gave almost complete inhibi�

tion of the enzyme activity. The solvents tested were ace�

tonitrile, tetrahydrofuran (THF), 1�propanol, 2�

propanol, ethanol, N,N�dimethylformamide (DMF),

pyridine, dioxane, and methanol. The concentration of

half�inactivation (C50) for each organic solvent was deter�

mined by inspection of the plot of residual activity in

aqueous–organic media against the percentage of the

organic solvent [22].

Thermal stability of xanthine oxidase in aqueous–
organic mixtures. A solution of the organic solvent in

67 mM Sorenson’s phosphate buffer, pH 7.0, containing

0.1 mM EDTA was prepared by mixing a volume of the

organic solvent that gives about 30% inhibition. This vol�

ume of each organic solvent was obtained from the assay

of the enzyme activity in the presence of the solvents as

described above. The final percentage of each organic sol�

vent was as follows: acetonitrile (7.5%), THF (2.5%), 1�

propanol (5%), 2�propanol (7.5%), ethanol (10%), DMF

(7.5%), pyridine (2.5%), dioxane (7.5%), and methanol

(2.5%). Then, 100 µl of enzyme solution (final concen�

tration of 40 µg/ml) was separately incubated with each

buffer–organic solvent mixture at 37°C for 24 h. Aliquots

of the reaction solution were removed at various time

intervals and added to a 20 µM solution of xanthine in the

buffer and the change in absorbance was measured at

295 nm, reflecting the enzyme activity.

Effect of pH on xanthine oxidase activity in aque�
ous–organic mixtures. Because of the differences in the

pH concept in aqueous and aqueous–organic mixtures,

the apparent pH approach (pH*) was used to express the

pH of the solvent mixtures [23]. The effect of pH* on

xanthine oxidase activity was investigated by measuring

the activity in 67 mM Sorenson’s phosphate buffer and

also in the aqueous–organic mixtures. Each organic sol�

vent was mixed with the phosphate buffer to give 10, 20,

and 30% of the mixture with the final pH* of the solution

adjusted at 6, 7, 8, and 9.

Activity of lyophilized enzyme in organic solvents.
First 100 µl of the enzyme solution containing 4 µg pro�

tein was lyophilized using a freeze dryer (Christ Alpha 1�

4) in glass tubes. Then 3 ml of each organic solvent was

separately added into the tube and incubated at 37°C for

5 h. The stock solution (6 mM) of xanthine was prepared

in Sorenson’s phosphate buffer pH 7.0. The reaction was

started by the addition of 10 µl of the stock xanthine solu�

tion to the tube, and absorbance was followed at 295 nm

for 10 min at 37°C. In these experiments the amount of

water in the incubation medium would be 80 mg water

per mg protein, or 0.18 M.

RESULTS

Xanthine oxidase activity in aqueous–organic mix�
tures. The effects of some water�miscible organic solvents

on xanthine oxidase activity monitored at 295 nm are

illustrated in Fig. 1. In all cases, the enzyme activity

decreases with increasing organic solvent concentration.

The largest decrease in the activity was observed for

methanol (C50 = 1.8 ± 0.9%, v/v), while dioxane (C50 =

15 ± 3%) caused the smallest reduction. With methanol,

pyridine (C50 = 3 ± 1%), THF (C50 = 4 ± 2%), and 1�

propanol (C50 = 7 ± 3%), the reduction of the initial oxi�

dation rate of xanthine occurred in a nonlinear manner;

however, the reaction was inhibited almost linearly in the

presence of the other solvents.

Xanthine oxidase activity at different temperatures in
the presence of organic solvents. The enzyme activity

steadily increased by 172% as temperature was elevated

from 27 to 42°C in the absence of any organic solvent.

The activity decreased at all temperatures as any of the

organic solvents was included to the incubation solution.

However, the effects of temperature on the enzyme activ�

ity in the aqueous–organic mixtures were complex.

As seen in Fig. 2, at 27°C the residual activity in all

mixtures was higher than the corresponding values at
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37°C. As the temperature was increased, the inhibitory

effects of all organic solvents on the enzyme activity were

increased. The relationship between temperature and the

C50 was found to be linear for THF (r = –0.952), 1�

propanol (r = –0.816), pyridine (r = –0.798), acetonitrile

(r = –0.912), and ethanol (r = –0.968). However, for the

remaining four solvents, the dependence of C50 on tem�

perature was found to be low. When the analysis was car�

ried out without the values at 50°C, the magnitude of the

linearity was improved markedly for the all solvents

except for methanol (r = –0.430 vs. –0.044) and acetoni�

trile (r = –0.912 vs. –0.889). This indicates that the

behavior of xanthine oxidase in aqueous–organic media

is relatively perturbed at higher temperatures and under

this condition the ability of the organic solvent to interact

with the enzyme through stripping water from the enzyme

and/or competition with noncovalent interactions

increases [24]. In Fig. 2, the graphical representation of

the relationships between temperature and C50 values in

nine aqueous–organic solvents is shown.

Thermal stability. Interestingly, incubation of xan�

thine oxidase in aqueous–organic mixtures not only did

not result in a marked loss of the activity, but also with

some organic solvents, such as dioxane, an increase in the

activity was observed. A sharp decline occurred in the

early time of the incubation with all organic solvents, but

the activity immediately increased thereafter. In all cases,

this elevation in the activity was linear (r > 0.950) and

almost reached a plateau after 60�180 min (Fig. 3). The

enzyme was quite stable even in the presence of methanol

and pyridine, and more than 65% of the original activity

was retained after a 24�h incubation with these two sol�

vents, while the C50 values for these solvents were 2 ± 1

and 3 ± 1% (v/v), respectively. The highest (140%) activ�

ity was observed in dioxane (C50 = 15 ± 3%, v/v).

Fig. 1. Xanthine oxidase activity at 37°C and pH* 7 in the pres�

ence of different concentrations of organic solvents. Each point is

the mean of triplicate assays where standard deviations were ± 5%

of the experimental values. Here and in Figs. 2 and 4, solvents

THF, DMF, 1�propanol, 2�propanol, dioxane, pyridine,

methanol, acetonitrile, and ethanol are designated as 1�9, respec�

tively.
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Effects of pH on xanthine oxidase activity in aque�
ous–organic mixtures. In the absence of the organic sol�

vents, the xanthine oxidase activity increased 2.2�fold as

the pH was increased from 6 to 8. Then, it decreased at

pH 9 by 15%, giving the value of 8 as the optimum pH.

However, the optimum pH for the xanthine oxidase activ�

ity was affected by the type of the organic solvent used in

the reaction medium. Figure 4 illustrates the effect of

pH* on xanthine oxidase activity in the presence of 10%

organic solvent (v/v).

Activity of lyophilized xanthine oxidase in organic sol�
vents. The activity of lyophilized xanthine oxidase was

found to be higher in all the aqueous–organic solvents

than in the phosphate buffer (Fig. 5). The highest activi�

ty was observed in DMF, followed by THF and ethanol.

In these media, the activity increased by 7.1�, 3.4�, and

3.0�fold, respectively.

DISCUSSION

Xanthine oxidase is a molybdenum�containing

cytosolic enzyme that can catalyze many important reac�

tions [8�13, 16, 18]. In spite of increasing attempts to

develop aqueous–organic and non�aqueous media for

enzymatic reactions, the activity of xanthine oxidase in

the presence of organic solvents has not received enough

attention. The investigation of the oxidative activity of

xanthine oxidase in the present study indicated the reduc�

tion of the activity in nine aqueous–organic media with

methanol and dioxane having the lowest and highest C50

values of 2 ± 1 and 15 ± 3%, v/v, respectively. In some

cases this reduction occurred in a nonlinear manner. A

similar phenomenon has been reported by others with

some other enzymatic systems [22, 25�27].

The sharp decrease in the enzyme activity caused by

organic solvents could be attributed to an immediate

denaturation of enzyme due to destruction of the enzyme

hydration shell [28] or a fast reduction in the number of

enzyme active sites [25]. Ruth et al. interpreted this phe�

nomenon in terms of conformational changes [22]. It is

also possible that the replacement of water molecules

from the enzyme causes the unfolding of the enzyme

molecule with exposure of the inner important residues to

organic solvent resulting in faster denaturation rate [26].

Nevertheless, it is less likely to obtain a comprehensive

interpretation for all enzyme–solvent interactions and

the effects of the solvent on biocatalytic activity [29].

Taking into account the complexity of the reactions

catalyzed by xanthine oxidase [21] and a large flexibility

of the active site of this enzyme [30], it is difficult to

describe all results with a single model. This explains why

a comprehensive and reasonable mechanism for the

behavior of xanthine oxidase in organic solvents was not

proposed in the previous studies [19�21]. It is likely that

in a mixture of buffer solution and a water�miscible

Fig. 3. Stability profile of bovine milk xanthine oxidase in aque�

ous–organic mixtures. The enzyme was incubated up to 24 h in

various aqueous–organic mixtures at 37°C, and the activity was

measured at different intervals during this period. 1�9) Organic

solvents (see designations in Fig. 1); 10) phosphate buffer.
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organic solvent as the reaction medium, xanthine oxidase

activity is affected by the solvent through two mecha�

nisms: via the interaction of the organic solvent with the

water molecules associated with the enzyme structure,

and via direct interaction of the solvent as an inhibitor

with enzyme leading to changes in the reaction kinetics.

The stability of xanthine oxidase in aqueous–organ�

ic mixtures during a 24�h incubation at 37°C was, in some

cases, associated with an increase in the activity. It is like�

ly that a more stable and also appropriate protein confor�

mation is adopted in the absence of substrate [1]. It is also

possible that in a dehydrated state the conformational

rigidity of the enzyme and its resistance to deleterious

processes increase [31]. This “organotolerance” property

of enzyme could be of great value in helping one use the

advantages of aqueous–organic media for enzymes.

The activity of lyophilized xanthine oxidase

increased even in such deleterious solvents as methanol.

It is possible that following lyophilization, conformation�

al changes of the enzyme are induced and the protein is

locked in various conformations in dry organic solvent

[32]. As only a few of these will be catalytically active, an

increased activity observed for xanthine oxidase in this

study may indicate that the contribution of appropriate

conformation(s) among the locked conformations is

high. Meanwhile, it appears that the water, which was

present in the incubation medium, was enough to provide

the hydration layer required for the enzyme to manifest its

biological activity [33, 34].

In conclusion, some information and evidence were

produced that would be useful in the development of

reaction conditions for higher activity and stability of

xanthine oxidase. The results could find some industrial

applications, e.g. in designing and production of new

biosensors or production of some xanthine oxidase�

derived compounds.
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